Cells dynamically assemble and organize into complex tissues during development, and the resulting three-dimensional (3D) arrangement of cells and their surrounding extracellular matrix in turn feeds back to regulate cell and tissue function. Recent advances in engineered cultures of cells to model 3D tissues or organoids have begun to capture this dynamic reciprocity between form and function. Here, we describe the underlying principles that have advanced the field, focusing in particular on recent progress in using mechanical constraints to recapitulate the structure and function of musculoskeletal tissues.
Introduction
Cells have been cultured ex vivo for over a century (Carrel and Burrows, 1911; Harrison, 1959) , providing a key platform for the elucidation of many key cellular processes, such as mitosis, transcription, translation and migration. Although complex multicellular tissue functions, such as immunity and development, have largely been reserved for studies in animals, recent advances in the culture of cells within 3D contexts has enabled us to begin to model more complex behaviors and tissue functions (Schmeichel and Bissell, 2003) .
Recent advances in inducing pluripotency in stem cellsdifferentiating these cells into tissue-specific progenitors and then allowing these cells to organize in a 3D setting -have resulted in a number of 'organoid' models (Clevers, 2016) . In many ways, these models emerge through the recapitulation of developmental stagesembryonic development begins with a single totipotent cell that expands to a staggering 5 trillion to 10 trillion cells in a human newborn. Important early tissue-forming events during this process occur in cellular condensations and are strongly dependent on cellcell interactions (White and Plachta, 2015) . The earliest studies of cellular condensation in developing embryos identified the Spemann organizer, a cell aggregate in the amphibian blastula that induces neural differentiation in embryonic cells, formation of the neural plate and defines the anterior-posterior axis of the embryo (De Robertis, 2006) . Similarly, mesenchymal progenitor cells cluster into mesenchymal condensations before differentiating into chondrocytes and osteoblasts, and odontoblasts during limb and tooth development (Hall and Miyake, 2000; Mammoto et al., 2011) .
It is therefore not surprising that scientists have been able to induce cells to recapitulate many early stages of morphogenesis in a variety of tissues by simply culturing progenitor populations in aggregates. One classic example of such a system is the embryoid body that has been generated by culturing clusters of embryonic stem cells (or induced pluripotent stem cells) and allowed to differentiate into teratoma-like masses (Itskovitz-Eldor et al., 2000; Thomson et al., 1998) . Although such systems have been used as models for generating early 'tissues', including developing brain structures (Muguruma et al., 2015 (Muguruma et al., , 2010 , maturation of tissues into their more adult forms and functions is also characterized by the substantial presence of extracellular matrix (ECM).
The ECM constitutes the scaffolding material that cells synthesize, secrete and deposit to form tissues, and is an important component of many tissues as development proceeds (Bonnans et al., 2014; Lu et al., 2011; Rozario and DeSimone, 2010) . Once deposited, cells adhere to the ECM and release soluble proteins, such as growth factors and cytokines, that are sequestered within the ECM and affect cell signaling and function. As the embryo continues to develop and grow, more ECM is produced, and thus the amount of information stored in the ECM progressively increases. This bi-directional interaction of cells with the ECM to define ECM composition and tissue architecture on the one hand, and the ECM regulation of cellular behavior through growth factor signaling and cell-matrix interactions on the other hand, coined 'dynamic reciprocity', constitutes a central paradigm with regards to the regulation of tissue development, homeostasis and pathology (Bissell et al., 1982; Nelson and Bissell, 2006) . Engineered three-dimensional (3D) cultures incorporating ECM and embedded cells provides a means to model more mature tissues. Early examples of such organotypic models include the use of Matrigel™ with epithelial cells to model mammary acini (Barcellos-Hoff et al., 1989) , lung (Schuger et al., 1990) , salivary gland (Hoffman et al., 1996) and intestine (Sanderson et al., 1996) . More recently, coupling these approaches with advances in induced pluripotent stem cell (iPSC) technology and stem cell biology have resulted in numerous additional organoid models. For example, neuro-epithelial differentiated human embryonic stem cells cultured in small clusters embedded in Matrigel™ spontaneously form stratified retinal-like structures (Nakano et al., 2012) , and similarly, neuronal stem cells can stratify to form structures that are reminiscent of the cortex of the brain (Lancaster et al., 2013) . Similar organoids, also sometimes referred to as microtissues, have been developed to study morphogenesis and function of lung, kidney, salivary gland, liver, skin and blood vessels (reviewed in Clevers, 2016; Passier et al., 2016) . Many of these models have been widely adopted and successfully used to capture the functional behavior of numerous epithelia.
In contrast to epithelial cells, which line surfaces and glands throughout the body, mesenchymal stromal cells play a central role in depositing and crosslinking large amounts of diverse ECM proteins in many tissues, including bone, muscle, tendon and skin. Mechanical cues within the ECM play an unusually central role in the terminal differentiation, maturation and healing responses in these cells. For example, mechanical loading of the provisional cartilage matrix in the growth plate is an essential regulator of the columnar organization and maturation of chondrocytes to direct longitudinal growth of appendicular bones (Carter et al., 1987; Kronenberg, 2003) . Similarly, loading forces within collagen-type-I-rich bone matrix promotes terminal differentiation of osteoblasts (Papachroni et al., 2009; Sittichockechaiwut et al., 2009) . Indeed, the mechanical load generated by fetal muscle cell activity is thought to be crucial for the maintenance and maturation of all connective tissues. Importantly, this prominent role of forces in the maturation and maintenance of tissues continues throughout life to regulate tissue adaptation to mechanical loading (Kjaer, 2004) . Therefore, to model stromal and musculoskeletal tissues, a specialized class of 3D culture models has been developed that introduces forces and physical constraints, which are crucial determinants of connective tissue function.
Given a number of excellent reviews regarding 3D culture models in general (Passier et al., 2016; Shamir and Ewald, 2014) , as well as those specifically focused on stem-cell-based organoid cultures (Clevers, 2016) and classic epithelial organotypic culture models (Schmeichel and Bissell, 2003) , in this Commentary, we will focus on engineered microtissue systems that have been developed to model tissues under mechanical load. We will first examine the principal mechanisms underlying microtissue formation, and discuss the structural organization and mechanics of assembled microtissues. Then, we will explore the use of engineered microtissues to emulate tissue-specific functions in vitro. Lastly, we will conclude with a perspective on how microtissues could provide a crucial platform to study tissue morphogenesis, homeostasis and disease.
Principles for forming 3D microtissues in vitro
Microtissues, with or without the addition of ECM, are generated by allowing a suspension of cells to aggregate before cells can spontaneously undergo compaction, a process wherein cells adhere to one another and/or to their surrounding ECM, and contract, thereby increasing the density of the microtissue.
In cellular aggregates, epithelial cells mainly interact through cadherins, a family of transmembranous cell-cell adhesion proteins that, upon engagement, form clusters and physically link neighboring cells. In suspension, cells are spherical owing to the cortical tension of the submembranous cytoskeleton that drives the surface tension of the lipid cell membrane (Cavey and Lecuit, 2009; Manning et al., 2010) . When cadherins engage, for instance by touching other cells, the GTPase Rac1 becomes activated and reduces the cortical tension around the cadherin complexes (Maitre et al., 2012; Yamada and Nelson, 2007) . The reduction in cortical tension flattens the cell membrane locally, thus increasing the adhesive surface area; this engages more cadherins and strengthens the adhesion between the cells (Fig. 1A) . Thus, the reduction in cortical tension is essential for the attachment of cells over extended contact areas and determines the cell shape in aggregates (Fig. 1B) and tissues (Winklbauer and Parent, 2016) . Intriguingly, differences in the strength of adhesions between cells of the same type (homotypic) or different populations (heterotypic) drive cellular rearrangements in aggregates composed of mixed cell populations, a process known as cell sorting (Steinberg, 1963) . Typically, strongly self-cohesive cells will cluster in the core of the aggregate and weakly cohesive cells arrange at the surface (Steinberg, 1963 (Steinberg, , 1970 Steinberg and Takeichi, 1994) . Although cell sorting driven by differential adhesion has been proposed to control germ layer separation during gastrulation (Krieg et al., 2008) and mammary gland assembly (Chanson et al., 2011) , reconstituting these tissues in vitro results in a spatial organization of the cells opposite to what is found in vivo Krieg et al., 2008) , suggesting that other factors regulate cell sorting. Indeed, when encapsulating a heterotypic cell aggregate with an ECM that anchors the most self-cohesive cell type, therefore preventing movement of this cell type to the core of the aggregate, the spatial organization is restored . Thus, in the presence of ECM, cell-ECM adhesion can be dominant over cell-cell cohesion, which determines the final tissue organization after cell sorting. Harnessing this principle of self-assembly could provide a strategy to engineer layered microtissues in vitro.
Unlike cell aggregates, which are assembled through cell-cell adhesions, stromal cells that have been seeded in collagen matrices form microtissues through cell-matrix adhesion molecules. After seeding fibroblasts in a collagen matrix, α2β1 integrins at the surface of the cells engage, anchor the cell to the matrix and initiate spreading. During cell spreading, fibroblast lamellipodia extend along the polymerized collagen fibers and, upon binding, retract, thereby transporting the fiber towards the center of the cell where it is released (Fig. 1C) . This dynamic transport of collagen fibers in 3D is directly controlled by myosin IIB activity (Meshel et al., 2005) . After release, the fibers are stabilized by the cells, and as such the contracted collagen matrix maintains its shape even when cells are removed (Guidry and Grinnell, 1987) . Such a remodeling mechanism is essential for preserving tissue architecture and allows the migration of cells without any recoil of the fibrous matrix into its original loose state.
In free-floating aggregates and hydrogels, adhesive and contractile forces shape the tissue into isotropic spherical structures (Fig. 1D ). Although such systems can provide a 3D environment that induces some cell types to behave in a more similar manner to that of their in vivo counterparts, many tissues in the body are under a considerable mechanical load that alters matrix structure and cell function. Albert Harris was perhaps the first to systematically model this loading by anchoring fibroblast-laden collagen gels with pins in the culture dish (Stopak and Harris, 1982) . With two pins, compaction of the gels results in alignment of the ECM and cells along the axis of the mechanical stress between pins, mimicking structures such as the tendon; with four pins or more, compaction results in a planar structure, mimicking flat tissues such as skin. Given that needles can be most simply placed in a collagen gel before the onset of compaction, this method is only practical when the dimensions of the tissues are in the centimeter scale. Numerous methods have since been developed to scale the approach down to sub-millimeter scale microtissues. By using microfabrication techniques, our laboratory has engineered a culture vessel that comprises hundreds of microwells, each containing two or more flexible elastomer pillars (Legant et al., 2009) . Through successive centrifugation steps, cells in a soluble collagen matrix are spun into the microwells and form microtissues after the collagen has been polymerized ( Fig. 1E) (Legant et al., 2009; Sakar et al., 2016) . Using this method, tissue shape can be controlled by changing the spacing and angle between the pillars in the mold design of the culture vessel.
In addition to geometrical spacing of the pillars, microtissue shape can also be determined by the pillar profile. As cells compact the matrix around the pillars, the tissue tension increases and causes the tissue to move upwards along the pillar until it slips off. By manufacturing T-shaped pillars, the tissue is prevented from slipping off and thus the tissue boundaries are outlined by the spacing of the pillars (Kalman et al., 2016; Legant et al., 2009) . However, by introducing conical shaped pillars, one can control where and when the tissue is released from a pillar, and thus change the shape of the microtissue over time (Svoronos et al., 2014) .
Although pillar spacing and profiles are two variables that control tissue geometry, other factors, such as microwell size and shape, still need to be characterized in order to establish the design rules for controlling the assembly and maintenance of stromal microtissues (Svoronos et al., 2014) .
Tissue architecture in stromal microtissues
In contrast to free-floating collagen gels, anchoring tissues to pillars prevents isotropic contraction of the tissue. As a consequence, the cells and the matrix align according to the direction of the principal stresses, which are dictated by the geometry of the tissue (Schell et al., 2016) . In other words, cells and matrix are highly uniaxially aligned in tissues anchored to two pillars and randomly organized in equibiaxial hexagonal tissues (Obbink-Huizer et al., 2014; Schell et al., 2016) . Given that fibroblasts can bind and apply forces to different ECM molecules, fiber alignment is not restricted to the exogenous collagen matrix alone, but also applies to other ECM proteins, such as tenascin-C, collagen type II and fibronectin Schell et al., 2016) . Epithelial cell-cell contact is initiated by engagement of E-cadherin adhesion proteins. Upon binding of the extracellular domain of E-cadherin to other cadherins, the intracellular cadherin adhesion complex connects the intracellular domain of E-cadherin to cortical actin. At the same time, activated Rac1 suppresses cortical actomyosin activity, which locally decreases the cortical tension at the junction. This decrease in cortical tension flattens the cell membrane, thus increasing the adhesive surface between two cells, and more juxtapositional cadherins are activated, reinforcing cell-cell contact. When multiple cells are involved, this mechanism drives the formation of aggregates (B). (C) Schematic overview of cell-ECM interactions during microtissue formation. Fibroblasts seeded in a fibrous collagen matrix (fibers are pink, red fiber is fiber of interest) spread in the matrix. After extension of lamellipodia (black arrow) and binding to a collagen fiber (red), the lamellipodia retracts and the fiber is recruited and released once it reaches the cell body, where it is crosslinked with the surrounding matrix. This mechanism drives the compaction of (D) unconstrained fibroblast-populated collagen lattices (blue, culture dish) and (E) constrained microtissues (blue, culture device with pillars).
In vivo, cells employ fibronectin in order to assemble a provisional template that directs the assembly of more permanent collagen fibers (Kadler et al., 2008; Sottile et al., 2007) . Unlike during de novo tissue morphogenesis, in vitro microtissues are compacted with collagen that has been already introduced into the system. During tissue compaction, soluble fibronectin from medium is quickly absorbed and is stabilized by the collagen fibers. Nonetheless, stromal cells eventually assemble fibrillar fibronectin -a combination of plasma and cellular fibronectin -as they remodel the tissue. Initially, this activity is concentrated predominantly at the periphery of the tissue .
Intriguingly, full-length fibrillar fibronectin that is concentrated at the periphery drives migration of mouse embryonic fibroblasts (MEFs) to the periphery of the microtissue, resulting in an accumulation of cells at the surface of the tissue (Foolen et al., 2016) . Although the mechanism is unclear, it is likely that cells at the periphery of the tissue engage α5β1 integrins to interact with the full-length fibronectin; this activates downstream RhoA-Rockmyosin-II signaling, thus increasing contractility as well as adhesion maturation and stability (da Rocha-Azevedo et al., 2013; Schiller et al., 2013) . We speculate that localization of cells to the periphery could be due to multiple factors -haptotactic sensing of the higher peripheral levels of fibronectin, a preference for the strongly aligned ECM fibers at the periphery versus less-aligned ECM in the tissue core -perhaps due to tensional remodeling (Abhilash et al., 2014 ) -or even a durotactic preference for increased ECM stiffness at the periphery due to changes in ECM alignment, composition or crosslinking (Baker et al., 2015; Pelham and Wang, 1997; Plotnikov et al., 2012) . Thus, the use of a microtissue system could provide insights into how gradients in provisional matrix assembly lead to changes in cell and matrix distribution.
Interestingly, in contrast to collagen gels, fibroblasts remain in the bulk matrix when embedded in fibrin (Midwood and Schwarzbauer, 2002) . Conversely, chondrocytes don't segregate in collagen type-I gels (Galois et al., 2006) . Thus, in analogy to cell-cell sorting (Steinberg, 1970) , not all combinations of cells and ECM lead to spatial segregation of cells. We propose that a systematic screening of cells in hydrogels of different ECM composition in constrained microtissues could serve as a model system to investigate the molecular mechanisms underpinning how cells organize as a function of their surrounding matrix.
Tissue mechanics of stromal microtissues
As discussed above, cell-generated contractile forces drive tissue compaction and cell-ECM alignment, two mechanisms that modulate tissue architecture. Conversely, the physical properties of the ECM, such as geometry (Théry et al., 2006) , rigidity (Califano and Reinhart-King, 2010; Saez et al., 2007) and topography (Ghibaudo et al., 2009; Schvartzman et al., 2011) , feed back to modulate cell contractility, which in turn regulates cell shape (Murrell et al., 2015) , migration (Doyle et al., 2015) and differentiation (Engler et al., 2006; Kilian et al., 2010; McBeath et al., 2004) . Hence, to investigate this mechanical reciprocity between cells and ECM during tissue morphogenesis, one needs to be able to measure the contractile forces of the cells within their 3D environment.
Although cell-generated contractile forces cannot be directly measured, they can be calculated from the deformations they impose on compliant structures. Indeed, contracting microtissues bend the free end of the anchoring pillars or needles towards the center of the tissue (John et al., 2010; Legant et al., 2009; Zimmermann et al., 2000) . Provided that the pillar stiffness is well characterized and the displacement of the top of the pillar is measured, one can calculate the tissue contractile force using beam theory (Legant et al., 2009; Polacheck and Chen, 2016) . In contrast to estimating forces exerted by single cells using conventional 3D traction force microscopy (TFM) -a technique measuring displacement of fluorescent markers surrounding cells embedded in an elastic matrix (Legant et al., 2010 ) -deflection of the pillars is the result of the sum of all cell-generated forces within the microtissue (Polacheck and Chen, 2016) . Hence, to estimate the contractility of a single cell in microtissues, the total contractility is divided by the number of cells present in the microtissue. Assuming that forces are distributed homogenously throughout the tissue, this straightforward method yields a meaningful approximation of cellular contractility in twopillar uniaxial microtissues given that most cells are aligned parallel to the long axis of the tissue (John et al., 2010) .
Using this TFM method, cellular contractility has been assessed in collagen matrices for a variety of cells, including NIH/3T3 fibroblasts (Legant et al., 2009) , human foreskin fibroblasts (Delvoye et al., 1991) , lung fibroblasts (Chen et al., 2016b) , cardiomyocytes Zimmermann et al., 2000) and valvular interstitial cells (Kural and Billiar, 2014) . Depending on the culture conditions, cell type and method of force measurement, the obtained values for force generation per cell ranges from approximately 0.1 to 450 nN/cell (John et al., 2010) . Interestingly, despite this large variation in reported contractile forces, all cell types exhibit higher contractility when anchored to stiff pillars compared to more compliant pillars. Cells thus actively sense the boundary stiffness of the tissue and respond by adapting their contractility. Furthermore, temporary 'stiffening' of the pillar through attachment of a magnetic bead and placement within a magnetic field, thereby preventing bending, increases contractility of valvular interstitial cells. Surprisingly, this increased contractility persists even after 'softening' the pillar by removing the magnet (Kural and Billiar, 2016) . Although not well understood, such mechanisms that involve persistence of cell contraction after reduction of the mechanical load could be important drivers in the progression of matrix-related diseases, including fibrosis (Wells, 2013) and cancer (Schedin and Keely, 2011) .
In addition to cell contractility, matrix stiffness is an equally important mechanical variable that regulates cell behavior (Discher et al., 2005) . Using a magnetic actuation platform and biochemical treatments to perturb cellular contractility, Zhao and colleagues have decoupled the contribution of cells and collagen to the overall stiffness of the microtissue in response to mechanical load (Zhao et al., 2013) . Similar to changing the pillar stiffness, they found that under static load, the collagen matrix is the primary determinant of the tissue stiffness and that the cells adjust their own stiffness to match that of the matrix. In contrast, under short-term cyclic loading, changes in cell contractility predominantly contribute to the stiffness increase of the microtissues. These findings highlight that in response to mechanical loading, cells not only increase their contractility, but also remodel the structure of their matrix irreversibly. This reciprocal regulation between cell contractility and matrix remodeling in response to mechanical load is a fundamental mechanism of mechanically regulated tissue maturation, wherein the remodeled ECM echoes the mechanical history of the cells.
Despite the quintessential role of contractile forces in tissue formation and remodeling, the same forces can cause necking and failure of a microtissue . Indeed, maintaining microtissues on the pillars for periods of more than four days is a major challenge. In analogy to pulling a rubber band, tissue failure occurs when the mechanical stresses that are generated by cellular forces and the boundary conditions are higher than the ultimate tensile strength of the ECM. Owing to the reciprocal regulation of cell contractility and the mechanical properties of the ECM, any approach to alter cellular contractility (e.g. by using cytoskeletal inhibitors) or ECM remodeling (with matrix metalloproteinase inhibitors or crosslinking enzymes) is likely to maintain any mechanical imbalances and lead to morphological instability and failure (West et al., 2013) . Instead, tissue stability can be improved by changing the ratio between the cells and ECM, such as seeding supporting cells in the matrix (West et al., 2013) or varying the amount of ECM, or by tuning the stiffness of the constraining pillars . Given the large spread of cellular contractility across cell types (0.1 to 450 nN/cell), microtissue cultures thus need to be optimized for each cell type in order to maintain the tissue stability that is necessary to enable study of tissue morphogenesis over longer time scales.
Implementation of mechanically constrained microtissues within tissue-specific contexts
In the human body, most, if not all tissues experience mechanical loading during physical activity; at the same time, the cells within these tissues pull, push, bend and twist their surrounding ECM. As discussed above, constrained microtissues have comparable mechanical dynamics and might therefore be a universal model system in which to study the behavior of any matrix-adherent cell type. However, as with most in vitro models, inspiring scientific advancements only emerge when a model system captures organ function on a systems level. Therefore, as examples, we will discuss recent advances in wound healing and cardiac morphogenesis, two fields in which constrained microtissues have enabled a deeper exploration of organ level function in vitro.
After injury, open adult skin wounds undergo dramatic morphological changes involving formation of granulation tissue, tissue contraction and re-epithelialization to close the wound and restore tissue architecture (Martin, 1997) . To parse out the myriad of mechanisms driving dermal wound healing, in vitro models have been developed to emulate particular stages of the wound healing process. For example, the biology seen in the widely adopted 2D scratch wound assay (Liang et al., 2007) , a model involving 'scratching' of a monolayer of cells with a pipette tip and measuring the time needed for the cells to invade and cover the 'scratch', is most closely related to the re-epithelialization of wound beds in vivo. In a different model, namely fibroblast-populated collagen lattices (FPCLs), dermal fibroblasts embedded in a collagen gel spread and contract the gel, mimicking the role of granulation tissue in wound contraction and scarring (Bell et al., 1979; Carlson and Longaker, 2004 ). Both models have substantially advanced our knowledge of the tissue mechanics during wound healing; however, they lack essential features of the physical process of wound closure. Scratch wound assays display 'closure' but don't capture the deformation of the entire tissue, which brings the wound margins together and is associated with gap closure. Conversely, FPCLs exhibit entire tissue deformations but no closure.
Using constrained microtissues, we have recently developed an in vitro wound healing model that captures multiple stages of wound closure, including tissue contraction and gap closure (Sakar et al., 2016) . In this model, suspended microtissues that comprised NIH/3T3 fibroblasts and collagen were damaged with a microdissection knife, leaving an open hole in the tissue ( Fig. 2A) . Analogous to opening of a skin cut after injury, the hole in the microtissue widens, thereby lowering the tissue stress of the matrix (Fig. 2B) . Subsequently, fibroblasts in the collagen matrix start to contract and so bring the margins of the wound closer, before migrating cells enter into the gap area and assemble a provisional fibrous fibronectin template bridging the gap (Fig. 2C) . The fibronectin template enables more cells to move in and to restore the multi-layered cellular organization of the microtissue. Despite its fundamental role in gap closure, it is yet unclear to what extent the fibronectin template mirrors granulation tissue in vivo. Given that other matrix molecules that are typically found in granulation tissue, such as tenascin-C and collagen type-I, are deposited on the original rat tail collagen in microtissues (Legant et al., 2009) , we hypothesize that the fibronectin template continues to remodel into a 'mature' granulation tissue, which, if true, would further validate the use of this model for studying the early stages of dermal tissue repair.
Early in vitro models simulating cardiac morphogenesis, such as the hanging drop culture and spheroid techniques, have been successfully used to study molecular mechanisms during cardiomyocyte differentiation of embryonic stem cells (ESCs) (Sargent et al., 2009 ) and, more recently, iPSCs (Beauchamp et al., 2015) . A hallmark of differentiated cardiac cells is the formation of sarcomeres, the fundamental contractile unit of cardiomyocytes, and ensuing spontaneous beating. Unlike heart muscle tissue, cellular and ECM organization in hanging drop cultures and spheroids is random, therefore hampering efficient mechanical output, which is crucial for cardiac function in vivo. In contrast, in uniaxial microtissues, cardiomyocytes within the collagen matrix uniformly align along the long axis of the tissue, resulting in aligned sarcomeres and synchronous beating of the cardiac cells Thavandiran et al., 2013; van Spreeuwel et al., 2014) . Hence, this is a good example of how ECM alignment dictates cellular architecture and function.
In addition to providing aligned cardiac structures, constrained microtissues also make it possible to quantify the contractile forces generated by the cardiomyocytes. In clinical settings, the contractility of the heart is related to the cardiac output, a diagnostic metric to assess heart disease. Thus, in combination with iPSC technology, constrained microtissues could be a powerful model to investigate cardiac pathologies in human cells. Indeed, using constrained microtissues, Hinson and colleagues have demonstrated that human iPSCs with certain missense mutations in titin, a structural sarcomere protein, result in impaired contractility (Fig. 2D,E ) and responses to β-adrenergic stress that are similar to those in individuals that develop dilated cardiomyopathy owing to truncated titin variants (Hinson et al., 2015) . Moreover, highly aligned microtissues with human pluripotent-stem-cell-derived cardiomyocytes have enabled the development of a tachycardic model of arrhythmogenesis, an aspect of cardiophysiology that has not been previously recapitulated in other microtissue models (Thavandiran et al., 2013) . Given these examples, constrained microtissues could one day serve as a platform for the screening and testing of small compounds for heart-regeneration therapies and to assess off-target effects of non-cardiac drugs.
In addition to skin and heart, the use of constrained microtissues is currently being explored to model several other tissues. In particular, progress has been made in developing a model for skeletal muscle (Juhas et al., 2014; Sakar et al., 2012; Uzel et al., 2014) , which could be useful for understanding and modeling dystrophic muscle diseases. Constrained microtissues also have been applied to model airway smooth muscle (West et al., 2013) , aortic valve tissue (Kural and Billiar, 2016) and lung (Chen et al., 2016b) . Looking forward, it is anticipated that this platform could provide a common platform for recapitulating the biology of numerous connective tissues.
Conclusions and perspectives
Despite their broad potential for application in cell biology, constrained microtissues have not yet been widely adopted by standard biology laboratories, in part because fabrication and access to the devices required to constrain 3D cultures involves substantial expertise and specialized equipment to generate them (Polacheck and Chen, 2016) . However, new protocols to facilitate the fabrication process of silicon masters are being developed (Kalman et al., 2016) . Furthermore, evolving 3D printing techniques are approaching the resolution needed to accurately print the molds of microtissue devices and could thus replace current microfabrication methods in the near future. Therefore, we anticipate that it will only be a matter of time before microtissue culture becomes a widely accessible culture model for biology laboratories.
Although efforts are being made to make microtissue culture more accessible, there is also a need to engineer heterotypic microtissues to better emulate in vivo cellular microenvironments (Schmeichel and Bissell, 2003) . On the one hand, a deeper understanding of how cell types organize with respect to each other would enable better control of how they organize in engineered microtissues; on the other, engineering technologies continue to advance to allow specification of the initial arrangements of cells in a 3D environment. For example, a recent set of studies has used DNA-complementarity to synthetically enforce adhesion between distinct cell populations, or between cells and material, in order to organize populations into unique arrangements (Chen et al., 2016a; Gartner and Bertozzi, 2009; Todhunter et al., 2015) . Ultimately, the ability to organize multiple cell types would allow for the incorporation of stromal populations in the context of a parenchymal tissue, for example to model fibrosis in heart muscle, liver or lung, or during cancer progression. Overall, it is now clear that providing culture environments that can recapitulate aspects of in vivo 3D architecture and mechanics will lead to a crucial platform for deeper understanding of how tissues form, maintain homeostatic function and spiral into pathologic states. 
